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Daylength perception in temperate zones is a critical feature of insect life histories, and leads to
developmental changes for resisting unfavourable seasons. The role of the neuroendocrine axis in
the photoperiodic response of insects is discussed in relation to the key organs and molecules that
are involved. We also discuss the controversial issue of the possible involvement of the circadian
clock in photoperiodicity. Drosophila melanogaster has a shallow photoperiodic response that leads
to reproductive arrest in adults, yet the unrivalled molecular genetic toolkit available for this model
insect should allow the systematic molecular and neurobiological dissection of this complex
phenotype.
 2011 Federation of European Biochemical Societies. Published by Elsevier B.V. All rights reserved.1. Introduction
Photoperiodism, the perception of day length variation, plays a
key role in modulating many seasonal cycles of development and
provides an example of biological timing. For example, the straw-
berry root aphid Aphis forbesi develops viviparous parthenogenetic
females during long days in spring and summer, while it produces
sexual male and female morphs during short photoperiods in au-
tumn [1]. The larvae of the vapourer moth, Orgyia thyellina, develop
into reproductive normal morphs with normal wings and eggs un-
der long summer photoperiods, but if reared on short days, pro-
duce morphs which lay large and dark diapausing eggs [2].
Larvae of the southwestern corn borer, Diatrea grandiosella, moult
from a ‘‘spotted’’ developing form to an ‘‘immaculate’’ dormant
morph when they experience short photoperiods [3]. Photoperiod
can also play a regulatory role in the growth rate of speciﬁc stages
of development as in the larvae of the diamond-back moth Plutella
maculipennis, which under long 15 h photoperiods complete their
larval growth in about 15 days, but in 9 h photoperiods they devel-
op in 18 days [4]. Clearly, seasonal changes of the relevant environ-
mental factors regulate gene cascades that alter key developmental
processes. As a consequence, phenotypes can ﬂuctuate according
to environmental variations, and developmental plasticity allows
organism to synchronize their life cycles with seasonal changeschemical Societies. Published by Eof the environment, enabling them to escape adverse natural con-
ditions [5,6]. Here we review what is currently known about the
physiological and genetic basis of photoperiodic diapause by which
a wide range of insects reduce their metabolism to a state of dor-
mancy, thereby enabling them to overwinter or survive a dry sea-
son. We shall also speculate on what is known about the inﬂuence
of circadian clock genes in photoperiodic diapause, which is a top-
ical and controversial issue [7–9]. Table 1 lists acronyms and
abbreviations adopted throughout the text.
2. The endocrine axis of photoperiodism
Diapause is a plastic response that can be induced at any stage
of development (egg, larva, pupa or adult) and it acts by modulat-
ing functions of the neuroendocrine axis. The end points might be
an arrest of embryonic or larval development, metamorphosis or
reproduction, and enhanced stress resistance [6,7,10]. Diapause is
not a passive response to a changing environment but rather an
actively induced state that precedes adverse natural situations.
Environmental changes in light and temperatures and other cues
announce an imminent unfavourable season, and can induce
diapause, even if they are not in themselves, stressful. Photope-
riod controls diapause within species-speciﬁc ranges of tempera-
tures. Outside these ranges, photoperiod usually loses its
effectiveness and temperature becomes the main prohibitive
(low temperature) or promoting (high temperature) factor for
development [6].lsevier B.V. All rights reserved.
Table 1
Acronyms and abbreviations adopted throughout the text.
20-OH Ecd 20-Hydroxyecdysone
AGs Accessory glands
AKH Adipokinetic hormone
BIGFLP Bombyx mori insulin growth factor-like peptide
BmDHR Bombyx mori diapause hormone receptor
CA Corpus allatum
CC Corpora cardiaca
DH Diapause hormone
Ecd Ecdysone
EPPase Ecdysteroid-phosphate phosphatase
ERK Extra cellular signal-regulated kinase
FOXO Forkhead box O
GH Growth hormone
IIS Insulin signalling
ILPs Insulin-like proteins
INR Insulin receptor
IPCs Insulin-producing cells
IRS Insulin receptor substrate protein (CHICO)
JH Juvenile hormone
JHA Juvenile hormone analogue
JNK Junk-kinase
LHb Luteinizing hormone b-subunit
PDF Pigment dispersing factor
PG Prothoracic gland
PI Pars intercerebralis
PI3K PI3 kinase
PIN Peptidyl inhibitory needle
PIP3 Phosphatidylinosiol (1,4,5)-triphosphate
POMC Pro-opiomelanocortin hormone
PPNs PTTH-producing neurons
PRL Prolactin
PTTH Prothoracicotropic hormone
RG Ring-gland
SDH2 Sorbitol dehydrogenase-2
SOG Subesophageal ganglion
TGs Thoracic ganglia
TIME Time interval measuring enzyme
TOR Target of rapamycin
TORSO Receptor tyrosine kinase
TSH Thyroid stimulating hormone
YPs Yolk proteins
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as metamorphosis and developmental timing are under the control
of the ring-gland (RG), a neurohemal complex consisting of three
glands: the prothoracic gland (PG), the corpus allatum (CA) and
the corpora cardiaca (CC) (Fig. 1A) [11]. The larval ring-gland is lo-
cated between the two hemispheres of the brain and in the prox-
imity of the heart, but it changes its anatomical position during
metamorphosis when it is completely reorganized [12] (Fig. 1B
and C). The PG produces ecdysteroids such as Ecdysone (Ecd),
which promotes moults and development through larval instars
[13–15]. After metamorphosis, the steroidogenic function of the
PG is carried on by the ovarian follicles and/or nurse cells of adult
females, while the CA/CC complex maintains its larval secretions
[11]. In fact, the CC continues to release the adipokinetic hormone
(AKH), which binds a G-coupled receptor and stimulates lipolysis,
glycogenolysis and trehalose synthesis in the fat bodies, analogous
to mammalian glucagon [16–19]. The CA maintains the secretion
of Juvenile hormone (JH), a lipid-like hormone that modulates
many developmental processes in insects, such as ovarian growth,
imaginal disc proliferation, polyphenism (the process whereby dif-
ferent traits arise from environmental changes), diapause and
metamorphosis [20–30].
JH is a key integration site for both internal (e.g. genetic) and
external signals (e.g. feeding state and temperature), that underlie
the developmental plasticity of insect life cycles [27]. An environ-
mental modulation of JH signalling can alter downstream larval
development and induce diapause in adult ﬂies (see below). During
larval development of D. melanogaster, Ecd promotes instar moultsbut under the driving action exerted by JH, so that it is their com-
bined dynamics which causes a transition from one larval stage to
the next. In contrast, metamorphosis (larva-to-pupa transition) is
possible only when Ecd signals in the absence of JH [11,27,29].
In D. melanogaster, Ecd is released by the PG under the synergis-
tic control of prothoracicotropic hormone (PTTH) and insulin-like
proteins (ILPs) [13,15,31]. PTTH is a neuropeptide that controls
developmental timing and is secreted by PTTH-producing neurons
(PPNs) in each hemisphere of the brain [14,31,32]. In the fruit-ﬂy,
PTTH binds TORSO, a receptor tyrosine kinase of the PG that acti-
vates the extracellular signal-regulated kinase (ERK) leading to
the production of the moulting hormone Ecd for initiating meta-
morphosis [33]. ILPs are growth factors produced by Insulin-
producing cells (IPCs) situated in the dorso-medial region of the
larval brain and in the pars intercerebralis (PI) of the adult
[34,35]. Interestingly, the PI-RG axis seems to be functionally and
developmentally analogous to the hypothalamus–pituitary axis
of vertebrates, and some genes that drive development of the PI–
RG axis in the fruit-ﬂy show sequence homology with those in-
volved in hypothalamus/pituitary axis formation, such as ventral
nervous system defective (vnd homologous to Nkx2.1/2), and
single-minded (sim homologous to Sim1) [36].
In D. melanogaster adults, IPCs produce three out of the seven
encoded ILPs (ILP2, ILP3 and ILP5), which are independently regu-
lated [34,37,38]. ILPs signal through the insulin receptor (INR) to
regulate metabolism, growth, reproduction and aging [34,39–44]
(Fig. 2). ILPs bind INR and activate the insulin receptor substrate
protein (IRS), named CHICO. As a consequence, PI3-Kinase (PI3K)
is activated and, in turn, it transduces the signal to the second mes-
senger phosphatidylinosiol (1,4,5)-triphosphate (PIP3), that allows
the activation of the protein kinases PDK1, then PKB. Subsequently,
PKB inhibits the nuclear translocation of the transcription factor
forkhead box O (FOXO) by phosphorylating it [45]. When insulin
signalling (IIS) decreases, FOXO can enter the nucleus where it acti-
vates many target genes involved in the stress response and
growth inhibition [42]. Additionally, when FOXO is active in the
nucleus it induces the expression of INR, providing a feedback loop
which increases the readiness of the cell response to IIS [46]. Inter-
estingly, IIS is modulated both systemically and cell-autonomously
by other pathways, such as Junk-Kinase (JNK) and Target of Rapa-
mycin (TOR), revealing the existence of a robust and complex sys-
tem of endocrine regulation [32,47–50].3. Larval and adult diapause are regulated by JH and Ecd
In many insects, post-embryonic development can be arrested
during larval stages under control of the hormonal signalling path-
way that controls RG activity [6]. The ﬁfth or sixth instar larvae of
the corn stalk borer Sesamia nonagrioides develop to pupation un-
der long photoperiods at 25 C, while under short photoperiods,
they enter diapause during which they feed at low rates and un-
dergo stationary larval moults, without any signiﬁcant size in-
creases [51]. Diapausing larvae are committed irreversibly to
pupation if exposed to long photoperiods, even if this developmen-
tal switch requires additional molts after the seventh or eighth in-
stars, revealing how diapause can be simultaneously plastic yet
robust. JH inhibits metamorphosis and induces a steady slow-
down of food intake followed by supernumerary larval moults, un-
til it elicits an arrest of larval development and induces diapause
[52,53]. An analogous JH morphostatic action also occurs in the lar-
val diapause of other related species, such as the rice stem borer
Chilo supressalis [54], the Southwestern corn borer D. grandiosella
[55–59] and European corn borer Ostrinia nubilalis [60,61]. Surpris-
ingly, JH seems to play a development-promoting rather than an
inhibitory role, in the bamboo borer Omphisa fuscidentalis, which
Fig. 1. Endocrine organization of Drosophila melanogaster female at the larval (A), pupal (B) and adult stage (C). In (C), 1 (thorax) and 2 (abdomen). In each brain hemisphere
(BH), prothoracicotropic hormone (PTTH) is produced by PTTH-producing neurons (PPNs). PPNs are not shown in pupa and adult for sake of simplicity. Insulin-producing cells
(IPCs, red) of the brain produce insulin-like proteins (ILPs). In the larva, prothoracic gland (PG, violet), the corpus allatum (CA, green) and corpora cardiaca (CC, orange) form the
ring gland (RG) which surrounds the dorsal vessel (DV). During larval stages, PG produces ecdysone (ECD) but it degenerates through metamorphosis. The CA and CC complex
migrates to new anatomical locations in the adult. The CA produces Juvenile hormone (JH) and the CC produces adipokinetic hormone (AKH). Fat body (FB), optic lobe (OL),
ovary (OV), oviduct (OVD), uterus (UT), ventral ganglion (VG).
Fig. 2. Insulin signalling (IIS) of Drosophila melanogaster. (A) Insulin-like proteins (ILPs) bind the insulin receptor (INR) which transduces the signal to the insulin receptor
substrate protein, CHICO. CHICO activates PI3K which converts phophatidylinosiol (4,5)-biphosphate (PIP2) in phophatidylinosiol (1,4,5)-triphosphate (PIP3). PIP3 is the
second messenger that transduces the signal to the protein kinases PDK1 ﬁrst and then PKB. Subsequently, PKB inhibits the nuclear translocation of the transcription factor
forkhead box O (FOXO). (B) In the absence of IIS, FOXO regulates the transcription of target genes and induces the expression of INR.
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is due to hypotrophy of the prothoracic gland (PG) and Ecdysone
(Ecd) reduction in the haemolymph. However, a topical application
of a JH analogue (JHA) arrests diapause and commits the larvae to
metamorphosis by indirectly increasing Ecd levels [63]. Moreover,
the implantation of the PG of donor larvae treated with JHA in dor-
mant acceptor larvae interrupts diapause, and the PG of acceptor
larvae is activated. These ﬁndings suggest that the hypotrophic
state of PG in diapausing larvae of the bamboo borer is maintaining
Ecd levels under the threshold necessary for autocrine activation,
thus preventing the pupal-promoting Ecd peak [64].
JH and Ecd are also involved in the endocrine regulation of adult
diapause, where an inactivation of the IPCs/CA/ovarian axis infemales of some insect species leads to the arrest of ovarian vitel-
logenesis (Fig. 3). In short photoperiods, the brachypterus morph of
Pyrrochoris apterus enters reproductive diapause under the control
of JH produced by the CA [65]. JH normally stimulates synthesis of
vitellogenins in the fat bodies and their uptake by developing ova-
ries, while under diapause inducing conditions this somatotrophic
action fails and ovarian development is arrested [66,67]. JH also
controls the activity of female accessory sexual glands (AGs) which
become atrophic during diapause [68]. In males, the trophia of the
AGs modulates mating propensity, again under the control of JH
[69]. While it remains completely unknown if male insect enter
imaginal diapause, a sex independent endocrine control of dia-
pause could occur through a JH-dependent inhibition of both
Fig. 3. Switches of endocrine signalling from development (A) to adult diapause (B) of Drosophila melanogaster female. (A) In the reproductive phase, insulin-like proteins
(ILPs) are released from the IPCs (red). Insulin signaling induces the corpora allata (CA, green) to produce Juvenile hormone (JH). Also, ILPs signals in the ovaries in which they
promote the growth of egg chamber and the vitellogenesis. In the early phase of vitellogenesis, the JH signals in the fat bodies (FB, in brown) and in the ovarian follicle cells to
promote the synthesis of the yolk proteins (YPs) and induce ovarian maturation. Also, JH stimulates the ovaries to produce ecdysone (ECD) which induces the uptake of the
YPs and it sustains the later stages of vitellogenesis. (B) In the diapause state, the IPCs/CA/ovaries axis is disrupted and the ovaries do not develop beyond previtellogenesis.
Fig. 4. Photoperiods regulate vitellogenesis at low temperature. In wild-type
Canton-S ﬂies short photoperiods (LD 10:14, light blue) induce imaginal diapause
(ovaries arrested to a previtellogenic stage) at temperatures of 12 C. At the same
temperature, long photoperiods (LD 18:6) rescue vitellogenesis in diapausing
females (LD 18:6, red). Redrawn from Saunders et al., 1989 [71].
L. Schiesari et al. / FEBS Letters 585 (2011) 1450–1460 1453gonadal and AGs development. Under this scenario, the different
features of reproductive physiology should all be inhibited during
diapauses in both sexes.
Unlike the fully reproductive state, levels of JH and Ecd decrease
during diapause of adult female D. melanogaster, followed by inhi-
bition of egg chamber development and fat body hypertrophy
[6,70–72]. During the reproductive phase of the fruit-ﬂy, JH con-
trols the early synthesis of yolk proteins (YPs) by the fat bodies
and the ovarian follicle cells, and YPs are taken up by the develop-
ing egg chambers. JH also induces the ovaries to produce 20-
hydroxyecdysone (20-OH Ecd), which sustains late vitellogenesis,
by inducing the synthesis and uptake of YPs by the fat bodies
[72–75]. However, an excess of 20-OH Ecd induces apoptosis in
nurse cells of stage 9 egg chambers, during early vitellogenesis.
At this stage, JH constrains this pro-apoptotic function of 20-OH
Ecd, and promotes the development of egg chambers. Thus the bal-
ance between JH and 20-OH Ecd controls whether oocytes will pro-
gress or undergo apoptosis during early vitellogenesis. After this
phase, a synergistic action of 20-OH Ecd and JH promote vitello-
genesis [76]. In fact, ILPs induce the CA to produce JH and promote
directly both the growth rate and the transition from previtello-
genesis to vitellogenesis of egg chambers [44,77,78]. When egg
chambers lose INR function, they show a slowdown of their growth
rate and develop until the previtellogenic stage. Furthermore,
upstream ablation of IPCs or downstream INR or CHICO loss-of -
function mutations decrease JH levels and disrupt ovarian develop-
ment [43,78,79].
In addition, variation in the incidence of diapause is associated
with a modulation of dp110 (encoding PI3K) expression levels in
the fruit-ﬂy. Gene dosage studies reveal that extra copies of
dp110 decreases, while reduction in dp110 expression increases,
the proportion of diapausing ﬂies [80]. Also, in the mosquito Culex
pipiens, the break-down of IIS and the subsequent activation of
FOXO leads to diapause [81]. Thus, insulin signalling shapesovarian development, which in turn, is modulated by environmen-
tal signals. In D. melanogaster, diapause occurs in ﬂies that are
reared at 12 C under 10:14 light/dark cycles but when they are
transferred to long photoperiods (LD 18:6) at the same tempera-
ture, vitellogenesis is resumed [71] (Fig. 4). Thus, photoperiodic
signals are transduced by the IPCs/JH/ovarian axis. Diapause is
functionally similar to dauer formation in Caenorhabditis elegans,
and indeed insulin-like signalling has been shown to play a major
role in this phenotype, revealing the conserved molecular nature of
environmental stress-resistance between nematodes and insects
[82,83].
4. Couch potato: a new player in imaginal diapause modulation
In D. melanogaster, couch potato (cpo) encodes a nuclear RNA-
binding protein and its RNA recognition motifs (RRM) show
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genes of Danio rerio, Xenopus laevis and Mus musculus [84,85]. In
the fruit-ﬂy, cpo is expressed in many tissues, such as midgut, glia
and salivary glands, central nervous system and the endocrine
‘‘ring-gland’’ [85,86]. The expression of cpo in the ring gland and
in the nervous system suggests that it could interact with speciﬁc
pre-mRNAs within the brain/ring-gland/ovarian axis. In fact,
homozygous hypomorphic cpo mutants of D. melanogaster show
many neural defects [84] and two amino acid polymorphisms in
linkage disequilibrium within CPO affect diapause incidence in
North American populations [87]. Interestingly, cpo has upstream
ecdysone response elements [87], but how CPO inﬂuences dia-
pause remains unclear.Fig. 5. Maternal control of embryonic diapauses in the silkworm Bombyx mori.
Diapause hormone (DH) is produced by the suboesophageal ganglion (SOG) of the
mother which developed under the long photoperiod and high temperature of
summer. DH signals in the ovaries where it induces the development of diapauses-
fated eggs. In these eggs embryonic diapause occurs after the development of the
cephalic lobe and the following mesoderm segmentation. The embryos require 2–
3 months at low temperatures (about 5 C) before they can arrest diapause and
resume development at high temperature. In this phase, the ERK pathway is
activated in the yolk cells and it promotes the production of 20-OH ecdysone (ECD).
ECD signals to the embryo inducing the removal of the block imposed to
development.5. Embryonic diapause and diapause hormone signalling
Embryonic diapause is induced by maternal photoperiodic
experience [6]. In the silkworm Bombyx mori, diapause occurs after
development of the cephalic lobe and the following mesoderm seg-
mentation. Eggs and young larvae, which develop under long days
and high temperatures in summer, eclose in autumn as moths lay-
ing diapausing progeny. When the suboesophageal ganglion (SOG)
is removed from pupae, the eclosing females are unable to produce
diapausing eggs. Moreover, when the SOG of diapausing egg fe-
males is implanted in non-diapausing egg females, it enables host
females to lay diapausing eggs [88,89]. The maternal SOG regulates
embryonic state by producing diapause hormone (DH), which is a
24-amino acid peptide with a FXPRL motif at the C-terminus
(X = G, T, V, S, I). The silkworm DH is encoded by the DH-PBAN gene
that is expressed in neurosecretory cells (DHPCs) of the SOG, under
the positive control of B. mori Pitx, a bicoid-like homeobox tran-
scription factor that binds a cis-regulatory element in the promoter
region of DH-PBAN [90–92]. Mammalian Pitx1 encodes an activator
of pituitary-speciﬁc promoters such as those of genes encoding
growth hormone (GH), prolactin (PRL), pro-opiomelanocortin
(POMC), luteinizing hormone b-subunit (LHb), follicle stimulating
hormone (FSH), and thyroid stimulating hormone (TSH) [93]. All
the FXPRL neuropepeptides have a wide range of biological func-
tions, such as in the control of pheromone and steroid byosynthesis
in Lepidopteran females such as B. mori [94,95] or acceleration of
larval development as in the dipteran Sarcophaga bullata [96,97].
In B. mori, the DH precursor peptide can give rise to DH and
other four additional FXPRL neuropeptides, the pheromone biosyn-
thesis activating neuropeptide (PBAN) and the suboesophageal
ganglion neuropeptides (a-, b-, c-SGNPs) [91,92]. DH, synthesized
at the level of SOG of the silkworm, is released via the CC/CA com-
plex in the haemolymph and it signals directly to egg chambers
during vitellogenesis to elicit embryonic diapause (Fig. 5). DH acti-
vates a G-coupled receptor, BmDHR, and induces a decrease of gly-
cogen levels with a compensating enhancement of sorbitol and
glycerol [98,99]. A physiological concentration of sorbitol (0.2 M)
induces diapause in non-diapausing embryos [99]. Through DH,
signals generated by environmental changes are transduced from
the mother to the embryo to induce diapause.
Unlike diapause induction, eggs are independent entities once
they are laid, and they can autonomously escape diapause. The
silkworm embryos require about 2–3 months at low temperature
(about 5 C) to assume a state of competence which allows
resumption of embryonic development once re-exposed to higher
temperatures (i.e. 25 C). Low temperatures induce phosophoryla-
tion and subsequent activation of the extracellular signal-
regulated kinase (ERK) in yolk cells [100–102]. Once activated,
ERK increases sorbitol–glycogen conversion and ecdysteroid
secretion levels by expressing in the yolk cells two key enzymes,
sorbitol dehydrogenase-2 (SDH2) and ecdysteroid-phosphatephosphatase (EPPase). Subsequently, 20-OH ecdysone signals to
the embryo to de-repress development [103].
The duration of embryonic diapause in B. mori eggs may be due
to an ATPase, appropriately named time interval measuring en-
zyme (TIME), whose conformation and activity is important for
promoting development [104]. TIME is negatively regulated by
the peptide PIN (Peptydil Inhibitory Needle) which binds TIME at
high temperature (i.e. in summer), inhibiting its ATPase activity.
At low temperatures (i.e. below 5 C, as in winter) the TIME/PIN
complex dissociates and TIME seems to measure/monitor the dura-
tion of the cold season, working as a sort of diapause duration
timer based on a process of conformational changes which ulti-
mately confer to TIME the ATPase activity necessary for the com-
pletion of diapause development. In this way, the dissociation/
association equilibrium of the TIME/PIN complex is responsible
for the temporal extension of diapause [105].
6. Pupal diapause
It is worth noting that this plasticity is also observed in pupal
diapause, in which FXPRL neuropeptides again play an important
role. These neuropeptides control growth of the noctuid moth
Helicoverpa armigera, which exhibits pupal diapause when larvae
experience short photoperiods. At 22 C, larvae reared on longer
LD 14:10 photoperiods develop into pupae without showing dor-
mancy, but more than 90% of pupae enter diapause when larvae
experience short LD10:14 photoperiods [106,107]. As in B. mori,
the DH-PBAN gene of H. armigera encodes for a DH-like-PBAN pre-
cursor fromwhich the same ﬁve FXPRL peptides are produced. Lev-
els of DH-PBAN mRNA decrease during pupal diapause to levels
much lower than those found in non-diapausing pupae [106–
108] and when DH is injected in diapausing pupae it induces
termination of diapause in a dose-dependent manner [106]. More-
over, DH has a temperature-dependent action: it is unable to arrest
diapause at 20 C, but does so at 25 C, but whether this occurs
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siveness to DH, is not known [106,107]. DH also induces Ecd in
the PG suggesting that DH/Ecd co-operation terminates diapause.
DH-PBAN is mainly expressed in the SOG of H. armigera, and its
products are released via CC in the haemolymph, under control
of a number of unidentiﬁed brain signals. Beyond the SOG, DH-
PBAN is expressed in three thoracic ganglia (TGs) which are located
beside the SOG [108,109].
The other FXPRL-neuropeptides in H. armigera, show compli-
cated patterns of expression in diapause-destined and non-
diapausing-fated larvae and their corresponding pupae, and it
remains unclear what is the biological function of each of them
[109]. When synthetic FXPRL-neuropeptides are injected into
non-diapause fated larvae, they delay development, and as a con-
sequence increase the time dedicated to the storage of energy for
pupal diapause [109]. Similarly, in the silkworm, individuals that
are programmed to lay diapausing eggs, prolong the feeding period
during the larval stage in relation to enhanced levels of DH-PBAN
gene expression [110]. In the tobacco hornworm moth, Manduca
sexta, DH-PBAN levels are also highly expressed in diapauses-fated
wandering larvae, but levels fall after pupariation. Non-diapause-
destined larvae do not express DH-PBAN and maintain high levels
of expression 9 days after pupariation [111]. These results in a vari-
ety of Lepidoptera indicate that these peptides play a role in pupal
diapause, but much work needs to be done to clarify their individ-
ual roles in the phenotype.
Fat bodies also play a crucial role in orchestrating larval and
post-larval developmental processes [112,113], perhaps via a par-
acrine signal that modulates pupal growth? The growth factor
insulin-like protein 6 (DILP6) is secreted by the pupal fat bodies
and regulates growth during the developmentally induced non-
feeding state of D. melanogaster. Dilp6 gene expression is synergis-
tically controlled by neuronal insulin signalling, FOXO, and Ecd
[39,40]. Moreover, in B. mori the insulin growth factor-like peptide
(BIGFLP) is mainly secreted by fat bodies during pupal develop-
ment, and, like DILP6, induces growth of adult-speciﬁc tissues
[114]. These growth factors secreted by fat bodies could interact
with photoperiodic neuronal signals to elicit and ﬁne tune pupal
diapause in a wide number of insect species.
7. The role of PTTH
PTTH is produced neuronally and it is released in the haemo-
lymph via the CA. It signals in the PG through a second-messenger
cascade including cAMP and ERK signalling, where it stimulates
steroidogenesis and ecdysone secretion. In this way, PTTH pro-
motes indirectly the progression through larval and pupal stages
[14,31,115,116]. In general, pupal and larval diapauses are associ-
ated with the downregulation of PTTH signalling and the subse-
quent repression of ecdysteroid secretion by the PG [6]. Levels of
20-OH Ecd are similar in diapause-fated and non-fated larvae,
but are reduced in diapausing pupae in M. sexta, a result of refrac-
toriness of the PG to PTTH signalling [117–119]. Similarly, reduced
PTTH mRNA levels are observed in wandering larvae and diapaus-
ing pupae of H. armigera and H. virescens, but this increases when
development is resumed [120,121]. Not surprisingly, injection of
PTTH in diapausing pupae of H. armigera arrests dormancy and
promotes development, eliciting the same response as induced
by DH. Subsequently DH and PTTH synergize to stimulate steroido-
genesis in the PG [120].
Changes of PTTH are also observed during the larval diapause of
the European corn borer, O. nubilalis [122], suggesting that the
PTTH-PG axis plays an evolutionarily conserved function in the
diapause of insects. In D. melanogaster, the PTTH regulates body
size and developmental timing in larvae under control of pigment
dispersing factor (PDF), an output of the circadian pacemakerneurons of the brain [31], suggesting the existence of a functional
link between the circadian pathway and the endocrine axis. More-
over, PTTH is functionally linked to IIS in regulating ecdysteroido-
genesis in the PG of the silkmoth B. mori larvae [123–126]. An
analogous interaction occurs in larvae of D. melanogaster, where
PTTH controls developmental timing in concert with IIS, but again
without being mandatory for progression throughout development
[13–15,31]. Thus, an elegant integration of time (PTTH via PDF) and
growth (IIS) signals may exist which is ﬁne tuned during larval or
pupal diapause and orchestrates insect development. Indeed period
clock mutations (which alter PDF expression) affect developmental
timing at both larval and pupal stages [127].
8. Circadian signalling and diapause: what is the link?
In 1936, Bunning proposed that the circadian clock could under-
lie plant photoperiodism [128]. His model proposed that in long
summer days, light would fall on a photo-sensitive phase of the
underlying circadian oscillator that would generate the long day
response, and vice versa for short days. The Bunning hypothesis
was elaborated into the external and the internal coincidence,
and the resonance models by Pittendrigh [129,130]. In all these
models, it was suggested that the underlying circadian oscillation
could generate photoperiodic diapause. This contrasted with the
hourglass models for night length measurement initially devel-
oped by Lees for the green vetch aphid, Megoura viciae, which
did not require an oscillator to describe the photoperiodic pheno-
type [131]. Opinion on the two models has remained divided and
has generated considerable interest [7–9].
The circadian clock of almost all living organisms, from bacteria
to mammals [132–135] drives endogenous oscillations in anticipa-
tion of the regular daily changes of light, temperature and other cy-
cling environmental parameters, and D. melanogaster has led the
way in the molecular and neurogenetic dissection of these oscilla-
tors [136,137]. It is indeed fortunate that such a genetically tracta-
ble organism also shows a photoperiodic reproductive diapauses in
females, albeit a shallow one, at least in European populations
[7,138]. In fact, in D. melanogaster the photoperiod modulates
reproductive diapause within a 10–13 C range of permissiveness
temperature. Under short days, ovaries arrest to the previtellogenic
stage but long photoperiods rescue ovarian vitellogenesis [71]
(Fig. 4). Thus, can we use the available mutants and genetic and
neurobiological tools in the ﬂy, to answer, at least for this dipteran,
this very topical big question in photoperiodicity [139]? Does the
clock also perceive time in the seasonal temporal domain and turn
it into a photoperiodic response?
The molecular nature of the circadian clock resides in series of
overlapping feedback loops. In specialized ‘‘pacemaker’’ neurons
of D. melanogaster, the clock signalling pathway is activated by
CLOCK (CLK) and CYCLE (CYC). The CLK/CYC transcriptional com-
plex binds E-box regulatory elements and expresses many target
genes including its own modulators, timeless (tim) and period
(per) [140–142]. TIMELESS (TIM) and PERIOD (PER) proteins feed-
back on the CLK/CYC complex, closing this cardinal loop [143–
146]. The circadian signalling pathway activates many outputs,
one of which is PDF, and this neuropeptide is expressed in ﬁve
large ventral lateral neurons (l-LNvs) and four small lateral neu-
rons (s-LNvs) in each hemisphere. These PDF neurons send axo-
nal projections to the dorsal protocerebrum and the optic lobes
[147–150], and in Pdf mutants, the circadian phenotypes of loco-
motor activity [150] and adult eclosion are disrupted [115]. The
G-protein coupled PDF receptor is also expressed in the PI, sug-
gesting that PDF could signal along the neuroendocrine axis
[151,152].
Light synchronizes the endogenous oscillations to the daily
ﬂuctuations of the environment via the blue-light photoreceptor
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interacting with TIM, the light-sensitive negative regulator [153–156].
Light signals are also transduced by the compound eye photore-
ceptors that can entrain circadian pacemaker neurons [136,137].
Natural light–dark cycles change gradually through the seasons
and as a consequence, the circadian clock should synchronize to
seasonal changes. Two different populations of lateral pacemaker
neurons, the M-cells (CRY+ PDF+ neurons), and E-cells (CRY+ PDF
neurons), control different time phases of locomotor activity,
morning and evening, respectively [157,158]. Stoleru and col-
leagues [159] proposed a model where in the presence of a long
night, M-cells function as the ‘‘master clock’’ during the winter
and enslave the E-cells, but when day-length increases, the circa-
dian control switches to E-cells. In this way, morning and evening
functions shift according to seasonal changes of photoperiod. In-
deed, different subsets of these clock neurons are also responsive
to temperature [160–163] and so pacemaker neurons could con-
ceivably be relevant for photoperiodism and diapause.
The evidence supporting a role for the circadian clock in dia-
pause comes from studies of clock mutants, predominantly in Dro-
sophila. The timeless (tim) gene in fruit-ﬂies has two allelic forms:
ls-tim encodes for both full-length L-TIM1421 and truncated
S-TIM1398, while the major product of the s-tim allele is the
S-TIM1398 isoform. The ls-tim allele is a recent mutation that has
spread throughout Europe under directional selection during the
past few thousand years. The ls-tim allele enhances the levels of
diapause compared to s-tim, but the two allelic variants do not
show a different photoperiodism, in that the slopes of the photope-
riodic component of diapause are the same [138] (Fig. 6). Thus the
threshold at which diapause occurs seems to have been set lower
in ls-tim than s-tim, so even under long photoperiods, ls-tim fe-
males prematurely enter diapause. This ls-tim phenotype may be
adaptive in the seasonal environment of Europe, hence it’s rather
rapid spread, whereas it might not be expected to be so in the
ancestral non-photoperiodic sub-Saharan homeland, from which
D. melanogaster colonised Europe after the last Ice Age [164]. In-
deed, the frequency of ls-tim is 0 in sub-Saharan populations,
so either it is an exclusively European allele, which has not been
re-introduced into central Africa, or it is an African allele at extre-
mely low and undetectable frequencies.
At the molecular level, CRY interacts more robustly with S-
TIM1398 than with L-TIM1421 [138,165] in a yeast two-hybrid assay,
and this generates a more light-stable LS-TIM proﬁle, and a less
light-sensitive phenotype in a circadian photoresponse assay
[165]. Perhaps that is why ls-tim does not appear to sense the long
photoperiods that should maintain vitellogenesis. The null allele
tim01, does lose photoperiodic responsiveness and shows enhanced
levels (80%) of diapause at all photoperiods, again suggesting a
problem with its light sensing capabilities [138]. Thus whether
TIM is too light-stable (LS-TIM), or is not present at all, as in
tim01, the effect is similar, in that diapause levels are generallyFig. 6. Effects of ls-tim and s-tim alleles in diapause incidence in Drosophila melanogast
natural populations of ﬂies (Houten, Holland and Salice, Italy). The photoperiodic respons
[138].elevated. At the protein level, both CRY and TIM are regulated by
the F-BOX protein JETLAG (JET), a member of the Skp1/Cullin/F-
Box (SCF) E3 ubiquitin ligase complex, that is involved in proteaso-
mal degradation. Indeed, CRY is also more stable in s-tim than ls-
tim because JET degrades TIM preferentially with respect to CRY
[166,167] so consequently, there is more CRY to degrade TIM in
s-tim, thereby generating a larger light response. It would thus be
interesting to examine the effects of jet mutants on diapause on
both s-tim and ls-tim backgrounds.
The tim gene is involved in the diapause of another drosophilid,
Chymomyza costata, in which the photoperiod induces and termi-
nates diapause in the early third instar larvae at temperatures
15–18 C [168]. A non-photoperiodic diapause strain (npd) enters
diapause when temperature decreases to 11 C, independently of
photoperiod [169]. npd ﬂies also exhibit circadian arrhythmicity
in eclosion and oviposition, as well as in the circadian oscillation
of per mRNA [170,171], suggesting that the circadian signalling
pathway is disrupted in these ﬂies. The npd mutation has a 1855
base-pair deletion in the tim promoter and 5’UTR [172]. tim has
also been implicated in the evolution of larval photoperiodism of
the pitcher-plant mosquito, Wyeomyia smithii [173,174] even
though in this species, the available evidence appears to argue
against a signiﬁcant role for the circadian clock in the seasonal
phenotype [175,176].
A non-diapausing mutant (nd) has also been discovered in the
ﬂesh ﬂy, S. bullata which shows a phenotype analogous to that of
C. costata. In fact, nd mutants of S. bullata fail to enter pupal dia-
pause even under extreme diapause-inducing environments, and
their survival decreases below temperatures of 14 C. Moreover,
ndmutants display a strong arrhythmicity of adult eclosion, symp-
tomatic of a disruption of the circadian signalling pathway. per and
tim mRNAs are upregulated in the mutants, perhaps as a conse-
quence of a defect in an upstream component of the clock [177].
Recently, two allelic variants at the per locus have been isolated
in S. bullata, which display different diapause proﬁles. The hpd
(high photoperiodic diapause) and lpd (low photoperiodic diapause)
mutants, have respectively, higher (93%) and lower (4%) levels of
diapause than the wild type (78%). This variation appears to corre-
late with a length polymorphism in a speciﬁc C-terminal region of
PER, named the putative ‘‘C-terminal photoperiodic’’ (CP) region.
The hpd allele carries a 33 amino acids deletion in the CP region
while the lpd variant gives rise to a protein with an insertion of
nine amino acids in the same region. However, the function of
the CP region remains unclear, nor is it certain that this region,
nor indeed per itself, is responsible for the different diapause phe-
notypes [178].
In contrast to S. bullata, per01 mutants in D. melanogaster per-
ceive changes in the photoperiod, and show a similar diapause re-
sponse to wild-type, albeit with an altered critical photoperiod
[8,71,179] (Fig. 7). The per01 mutants have a disrupted circadian
clock, so this result, in contrast to that from tim01 would appearer. The ls-tim variant increases the incidence of diapause compared to s-tim in two
e, however, is similar in slope for both the variants. Redrawn from Tauber et al., 2007
Fig. 7. Photoperiodic response of diapause in wild type ﬂies and per null mutants.
Null mutants for per (per01, per02, per03) respond to short and long photoperiods in a
similar way to the wild-type (Canton-S). Redrawn from Saunders et al. [71].
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photoperiodic response [71,179]. However, in the case of per01,
there is considerable evidence for a residual circadian oscillator
that might be underlying the photoperiodic response in the mu-
tant, providing a convenient escape clause [180–182]. If this is
the case, then the tim01 results from Drosophila (and other species)
could be rationalised as a disrupted circadian oscillator affecting
the photoperiodic response, even though, our opinion is that the
tim-null result (in Drosophila) is due to a peripheral defect in light
input to the photoperiodic mechanism (i.e. a pleiotropic effect),
rather than a central problem in the mechanism itself.
Interestingly, the knockdown of two circadian genes, period
(per) and cycle (cyc), affect photoperiodic diapause also in the bean
bug Riptortus pedestris. In fact, injection of per dsRNAi in the head
of up to 24 h old adults promotes ovarian development under long
day and even under short day conditions whereas injecting cyc
dsRNAi promotes diapause (100%) under short day regimes and
even (80% of injected females) under long day conditions [183].
Consequently, cyc and per seem to play opposite roles in the regu-
lation of diapause, but in a very similar way as in the circadian
clock, where they are antagonists. Moreover, JH secretion was elic-
ited in per RNAi females while, on the contrary, it was abolished in
cyc RNAi females. The injection of cyc dsRNAi suppresses per
expression, suggesting that the two genes have the same clock
functions as in other insects and that they both affect diapause
as components of a shared regulatory pathway. However, these re-
sults could still be interpreted as reﬂecting pleiotropic effects of
clock genes on diapause rather than the clock, as a module, under-
lying the photoperiodic phenotype [184].
In conclusion, while the available evidence suggests that photo-
periodic phenomena can be affected by mutations in clock genes,
whether this is due to the sporadic pleiotropic effects of individual
genes, or whether the circadian clock, as a discrete module, inﬂu-
ences photoperiodism, remains to be seen [7]. To quote Bradshaw
and Holzapfel [8] from their excellent recent review on this subject
‘Convincing evidence that the clock as a module, is important for
photoperiodism, would require that mutations that severely dis-
rupt the clock in all canonical clock genes, should also disturb
the seasonal response. If knockouts or null mutants of Clock, period,
timeless, and cycle each and all rendered otherwise photoperiodic
D. melanogaster both arrythmic and non-responsive to day length
and did not modify temperature-dependent diapause, then the cir-
cadian clock itself as a functional module, and not just the pleiotro-
pic effects of one of its genes, would be positively implicated in
photoperiodism’ (p158).
This rather stringent requirement may be difﬁcult to meet, be-
cause the authors also demand that the underlying levels of dia-
pause are not affected, only the photoperiodic component. These
experiments are quite straightforward in Drosophila, and although
they would require crossing the various mutations onto the same
genetic background, something that has yet to be performed, they
might give a reasonably clear answer. Only time will tell. Indeed,
while the ﬂy does not have the robust photoperiodic response ofmany other insects, its unrivalled genetic, molecular and neurobio-
logical toolkit will allow a systematic dissection of the organs and
molecules involved inthis complex phenotype. What is clear is that
the route from understanding the complex pathway from the pho-
tic and temperature input, through signalling via the neuroendo-
crine axis, to the phenotypic output, will provide a challenging
problem for years to come.
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